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ABSTRACT: Energy-transducing respiratory complex I (NADH:ubi-
quinone oxidoreductase) is one of the largest and most complicated
enzymes in mammalian cells. Here, we used hyperﬁne electron
paramagnetic resonance (EPR) spectroscopic methods, combined with
site-directed mutagenesis, to determine the mechanism of a single
proton-coupled electron transfer reaction at one of eight iron−sulfur
clusters in complex I, [4Fe-4S] cluster N2. N2 is the terminal cluster of
the enzyme’s intramolecular electron-transfer chain and the electron
donor to ubiquinone. Because of its position and pH-dependent
reduction potential, N2 has long been considered a candidate for the
elusive “energy-coupling” site in complex I at which energy generated by the redox reaction is used to initiate proton
translocation. Here, we used hyperﬁne sublevel correlation (HYSCORE) spectroscopy, including relaxation-ﬁltered hyperﬁne
and single-matched resonance transfer (SMART) HYSCORE, to detect two weakly coupled exchangeable protons near N2. We
assign the larger coupling with A(1H) = [−3.0, −3.0, 8.7] MHz to the exchangeable proton of a conserved histidine and conclude
that the histidine is hydrogen-bonded to N2, tuning its reduction potential. The histidine protonation state responds to the
cluster oxidation state, but the two are not coupled suﬃciently strongly to catalyze a stoichiometric and eﬃcient energy
transduction reaction. We thus exclude cluster N2, despite its proton-coupled electron transfer chemistry, as the energy-coupling
site in complex I. Our work demonstrates the capability of pulse EPR methods for providing detailed information on the
properties of individual protons in even the most challenging of energy-converting enzymes.
■ INTRODUCTION
Mitochondrial complex I (NADH:ubiquinone oxidoreductase)
is a redox-coupled proton pumping enzyme that is essential for
respiration. By catalyzing NADH oxidation and quinone
reduction, it contributes to the proton motive force across
the mitochondrial inner membrane that drives the synthesis of
ATP. Knowledge of the mechanism of complex I is not only of
fundamental importance for understanding proton-coupled
electron transfer (PCET) reactions but also required to unravel
the molecular origins of a diverse range of neuromuscular and
neurodegenerative diseases.1,2 Complex I is the most enigmatic
of the proton-translocating respiratory enzymes, and the
mechanism of its redox-coupled proton transfer chemistry is
currently unknown.3
Recently, much progress has been made in structural
knowledge of complex I. The structure of the entire Thermus
thermophilus complex4 was followed by structures of its yeast
and mammalian homologues, which are almost twice the size of
the bacterial enzyme.5−8 The structures of the catalytically
active core subunits are closely conserved in all cases, consistent
with a conserved mechanism of catalysis. They show that the
two substrate-binding sites in complex I, the ﬂavin-containing
NADH binding site and the quinone binding site, are separated
by almost 70 Å and connected by an electron-transfer relay of
seven Fe−S clusters to shuttle electrons between them (Figure
1). Near-linear Fe−S relays of this kind are common in
metalloenzymes,9−12 but the relay in complex I is exceptionally
long and its pattern of alternating high and low potential
centers13 likely contributes to intramolecular electron transfer
being at least an order of magnitude faster than enzyme
turnover.14,15 Intriguingly, Fe−S cluster relays are increasingly
being found to have important roles beyond electron transfer.
The cluster furthest from the active site in [NiFe]-hydrogenases
exerts a strong inﬂuence on the kinetics of catalysis,16,17
whereas the cluster adjacent to the active site plays a crucial role
in protecting it against O2.
18,19 The unusual [4Fe-3S]
hydrogenase cluster is evolutionarily related to [4Fe-4S] cluster
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N2,20 the terminal cluster in complex I’s intramolecular
electron transfer chain (Figure 1), which has been suggested
to synchronize electron and proton transfer events.15
As the immediate electron donor to ubiquinone, cluster N2
has long been considered a candidate “energy-coupling” site in
complex I, i.e., the site at which redox catalysis initiates proton
translocation across the membrane.21,22 As there is no evidence
to suggest that any upstream electron transfers (from NADH
toward N2) are coupled to proton pumping, the alternative
candidate is the quinone/quinol-binding site. N2 and the
bound quinone headgroup are known to be in close proximity:
densities observed in cocrystallization experiments with a short-
chain analogue suggested that the quinone headgroup binds
within 12 Å of cluster N24 (within electron-transfer distance),
consistent with earlier data from electron paramagnetic
resonance (EPR) spectroscopy.23
The reduction potential of N2 has long been known to be
pH dependent22 suggesting it may carry out a crucial PCET
reaction during complex I catalysis (we use the term PCET to
describe reactions in which the occupancy of a protonatable site
changes in response to cluster reduction). However, a lack of
consensus on the extent of the pH dependence, particularly for
the well-studied mammalian complex,3 has hindered mecha-
nistic interpretations. Importantly, a strongly coupled PCET
reaction, as required for an energy-coupling site, would exhibit a
pH dependence of −60 mV per pH unit with a substantial
separation of the pK values for the oxidized and reduced states
to ensure stoichiometric proton uptake upon reduction. A −60
mV dependence was reported for the mammalian (Bos taurus)
complex, but in complex I from the aerobic yeast Yarrowia
lipolytica, it was found to be substantially less (−36 mV/pH)
and to be abolished by a single point mutation (H226M in the
49 kDa subunit).24 Density for His226 was not observed in the
structure of Y. lipolytica complex I,7 but its homologous residue
in the bovine enzyme His190 was observed in close proximity
of cluster N2 (Figure 1).
Investigating the role of protons in large metalloenzymes
such as complex I by observing them directly (rather than
indirectly through pH-dependent potentiometric titrations) is a
challenging task. For complex I, available structures lack the
resolution required to deﬁne the protonation states of amino
acids, or the presence of water molecules, in the vicinity of
cluster N2. By examining the hyperﬁne interactions between
the electron spin on the cluster and nearby nuclear spins (e.g.,
1H), pulse EPR spectroscopy is ideally suited to provide this
missing information. However, although numerous continuous-
wave EPR spectroscopic studies have determined the nature
and redox properties of the EPR-visible clusters in complex
I,22,25−29 few pulse EPR studies have been reported. Relaxation-
ﬁltered hyperﬁne (REFINE) spectroscopy predicted the
absence of a nitrogen nucleus in the primary coordination
sphere of N2,30,31 as later conﬁrmed structurally (Figure 1), and
double electron−electron resonance spectroscopy enabled a
deﬁnitive assignment of the spectroscopically observed clusters
to the structurally deﬁned clusters through distance measure-
ments.13
Here, we investigate the existence of exchangeable protons in
the environment of N2 both indirectly, using pH-dependent
reduction potential measurements, and directly and selectively
using pulse EPR spectroscopy. First, we deﬁne the pH-
dependent reduction potential of N2 in the mammalian
complex using small-volume potentiometric titrations32 under
tightly deﬁned conditions: we develop a widely applicable
buﬀer system over a wide pH range that accounts for
temperature-dependent changes in pH during sample prepara-
tion that could otherwise lead to misleading results.32,33 Then,
we apply pulse EPR measurements to detect exchangeable
protons in the vicinity of the reduced N2 cluster. We reveal the
presence of a hydrogen bond to a conserved histidine in the
second coordination sphere of the cluster and conﬁrm the
protonation state of the histidine as the origin of the pH-
dependent reduction potential. By deﬁning the PCET reaction
of cluster N2, we show that its behavior is not consistent with it
being the energy-coupling reaction in complex I, directing the
focus of future work to the coupled chemistry of quinone
reduction. Thus, we demonstrate the capability of pulse EPR
methods for interrogating mechanistic hypotheses involving the
properties of individual protons in large and experimentally
challenging energy-transducing complexes.
■ RESULTS AND DISCUSSION
pH Dependence of the N2 Reduction Potential. To
establish unambiguously the pH dependence of the reduction
potential of N2 in mammalian complex I, we carried out a
series of EPR-monitored small-volume redox titrations, at pH
values from 5 to 9, on the bovine enzyme (Supplementary
Figure 1). The data are summarized in Figure 2. Temperature-
independent pH buﬀer systems, the pH values of which are
unchanged from room to cryogenic temperatures (Supple-
mentary Figure 2), were used to obtain the data points at pH
6.0, 7.0, 8.0, and 9.0. We note that substantial temperature-
dependent pH changes of commonly used buﬀers have been
known for four decades,33 but their impact on measurements
such as these is often ignored; the systems devised here
(Supplementary Table 1) are suitable for wider applications.
Furthermore, because bovine complex I proved to be unstable
at pH <6 for the ∼3 h required for a titration, we obtained the
data point at pH 5.0 by exploiting the dramatic pH change that
occurs in certain buﬀers upon freezing and could thus obtain a
reliable measurement under this challenging condition (see
Experimental Section). A data point recorded at pH 7.4 (see
Figure 1. Reactions catalyzed by respiratory complex I and the
environment of cluster N2. The Fe−S clusters are labeled according to
their EPR signals. Core subunits are in beige, and supernumerary
subunits are in gray. The inset shows N2 rotated with respect to the
chain with the conserved histidine in the second coordination sphere;
residues from the 49 kDa and PSST subunits are shown in green and
pink, respectively. PDB ID: 5LDW (bovine complex I).
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Figure 2) using the same approach conﬁrmed the validity of
this alternative strategy.
The solid line in Figure 2 represents the best ﬁt to the data
for a single protonated group and has a maximum slope of −40
mV per pH unit. The pK values for the protonable group are
pKox = 5.6 ± 0.2 and pKred = 7.4 ± 0.2, and the reduction
potentials of N2 are Eacid = −75 ± 5 mV and Ealk = −175 ± 5
mV in the protonated and deprotonated forms, respectively. In
principle, multiple more weakly coupled protons could also give
rise to the same pH dependence, as was found to be case for
Escherichia coli cytochrome b-562.34 However, the transfer of a
single proton together with two electrons (to give a pH
dependence of −30 mV/pH) can be excluded because N2
exhibits only two oxidation states ([4Fe-4S]2+/+).3
The pH dependence determined does not match the data
reported previously for bovine complex I in submitochondrial
particles or mitochondria, which exhibited slopes of −60 mV/
pH unit, from approximately pH 6.2 to 8.7.22 However, our
data are consistent with data on complex I in mitochondrial
membranes from Y. lipolytica conducted over a wider pH range
(pH 5.0−9.0).24 Uncertainties in the buﬀer pH values in earlier
studies oﬀer a possible explanation for the disagreement in the
pH dependencies obtained. The moderate pH dependence of
the N2 reduction potential, observed now in both species,
suggests that the PCET reaction occurring at N2 is only weakly
coupled and thus argues against it being the mechanistic
coupling point in complex I. However, titration data can only
provide indirect information on the existence of exchangeable
proton(s). Thus, to investigate the proton environment of
cluster N2 directly and its interactions with exchangeable
protons in detail, we turned to hyperﬁne spectroscopic
techniques.
The Exchangeable Proton Environment of N2 (Bovine
Complex I). To enable selective investigation of the proton
environment of cluster N2 without interference from the many
other Fe−S clusters (Figure 1), we chose samples set at
reduction potentials at which N2 is the sole paramagnetic
species present (see Experimental Methods and Supplementary
Figure 3). Structural data on bovine complex I6 suggests that
there are approximately 40 protons within 5 Å of N2, so
assignment of all the proton couplings observed by hyperﬁne
spectroscopy is unrealistic, especially given the limited
resolution of available structures. We thus focused on the
exchangeable protons, using deuterium exchange, and by
investigating the pH dependence of hyperﬁne couplings.
In agreement with the data in Figure 2, only weakly coupled
protons were observed in hyperﬁne sublevel correlation
(HYSCORE) spectra. To observe diﬀerences in the weakly
coupled protons clearly (see Supplementary Figures 4 and 5 for
primary data), we employed previously described HYSCORE
subtraction procedures.35,36 The HYSCORE diﬀerence spectra
obtained for pH 6.0 vs. pD 6.0 (H vs. D) and for pH 6.0 vs. pH
9.0 (low pH vs. high pH) are shown in Figure 3A and B (where
pH 6.0 is 1.4 pH units below pKred). Both spectra reveal two
sets of cross peaks centered at approximately [17.8, 12.5] and
[16.4, 13.4] MHz. HYSCORE diﬀerence spectra at additional
ﬁeld positions, required because the microwave pulses cannot
excite the entire broad Fe−S cluster EPR spectrum (resulting in
orientation selection), also exhibit two sets of cross peaks
(Supplementary Figure 6). As expected from the exchangeable
proton couplings revealed in the diﬀerence spectra (labeled 1
and 2), the pD 6.0 sample gave rise to small additional
couplings (<2 MHz) in the 2H region (Figure 3C). We could
not detect signiﬁcant diﬀerences in the nitrogen region in low
pH vs high pH spectra (Supplementary Figure 4A and B) nor
in the 14N diﬀerence spectra (not shown). A comparison of the
nitrogen region in the H vs D spectra is not feasible because the
cross-peaks resulting from 14N and 2H (both quadrupolar
nuclei with I = 1) overlap. The unaltered 14N region suggests
that there are no substantial changes in the protonation/
bonding state of any 14N nucleus in the immediate vicinity of
N2.
Using the method developed by Dikanov and co-workers to
analyze orientation-selected HYSCORE spectra36,37 as a
starting point to determine the hyperﬁne coupling parameters
(Supplementary Table 2), we found that our data are well
described by two weakly coupled protons, H1 and H2
(Supplementary Figures 8 and 9A−C) with the parameters in
Table 1 (see also Supplementary Table 3). The deuterium
coupling (Figure 3C) could be simulated well (Supplementary
Figure 9D) using the parameters for H1 and accounting for the
smaller gyromagnetic ratio of deuterium and including a
quadrupole coupling (Supplementary Table 3). The S···H
hydrogen bond was estimated from the quadrupole coupling to
be 1.77 ± 0.29 Å, which compares favorably with donor−
acceptor distances from structural data (see Table 1 and
Supplementary Table 4). The hyperﬁne coupling of D2 is
Figure 2. pH-dependent reduction potential of Fe−S cluster N2 in
bovine complex I. Data points resulting from EPR-monitored
potentiometric titrations (see Experimental Methods and Supple-
mentary Figure 1) were ﬁtted with a single proton with pKox = 5.6 ±
0.2, pKred = 7.4 ± 0.2, Eacid = −75 ± 5 mV, and Ealk = −175 ± 5 mV
(solid line).
Figure 3. HYSCORE spectra showing the exchangeable protons in the
vicinity of N2 in bovine complex I. (A) [pH 6.0−pH 9.0] and (B) [pH
6.0−pD 6.0] diﬀerence spectra. (C) HYSCORE spectrum showing the
deuterium coupling only present in the deuterated samples (pD 6.0).
Spectra were recorded at 10 K at g⊥, time increment 16 ns, τ = 116 ns
(A and B), or time increment 24 ns, τ = 420 ns (C). See Experimental
Methods for sample preparation, further measurement conditions, and
HYSCORE subtraction procedures.
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expected to be very small (<0.5 MHz) and, with the τ value of
the experiment chosen to place a blind spot on the deuterium
Larmor frequency (2.3 MHz at 349.5 mT), is not clearly visible
(Figure 3C).
Figure 4 shows that exchangeable proton couplings can also
be detected directly at pH 6.0 using single-matched resonance
transfer (SMART) HYSCORE. In this experiment,41 which
unlike the HYSCORE experiment does not suﬀer from blind
spots, well-resolved double-quantum cross-peaks that correlate
two diﬀerent protons are visible (Figure 4A) along the
antidiagonal at twice the proton Larmor frequency (∼30
MHz). These peaks are not visible in the pD 6.0 or pH 9.0
samples (Figure 4B and C). The SMART HYSCORE pH 6.0
spectrum is described well by the hyperﬁne coupling
parameters for H1 and H2 given in Table 1 (Supplementary
Figure 9E). One of the two protons giving rise to the
combination peaks along 2ν1H in Figure 4A must be H1 to give
rise to the signiﬁcant splitting observed. A nonexchangeable
proton with similar parameters to H1 can be excluded because
the combination peaks should then also be present in the pD
6.0 and pH 9.0 spectra. However, the origin of the second
proton giving rise to the combination peak in Figure 4A is less
clear because reasonable ﬁts to the experimental data could also
be obtained using alternative (weak-coupling) parameters for
H2. Given that nonexchangeable protons with similar-sized
couplings to H1 are present in the HYSCORE spectra
(Supplementary Figure 5), it is remarkable that these do not
give rise to combination peaks centered around (2ν1H, 2ν
1
H).
We found that the combination peaks observed in the pH 6.0
SMART HYSCORE spectrum are highly sensitive to the angle
between the hyperﬁne tensors of H1 and H2 (Supplementary
Figure 10). We therefore conclude that it is the orientation of
the H1 hyperﬁne tensor that enabled us to observe the
combination peak resulting from the H1 and H2 transitions
directly using SMART HYSCORE. We also attempted Q-band
Mims electron nuclear double resonance (ENDOR) measure-
ments (data not shown) but found diﬀerences in the proton
couplings were better resolved using HYSCORE techniques
given the relatively low concentrations of our samples and the
small sample sizes.
Thus, the couplings from two exchangeable protons, H1 and
H2, are present at pH 6.0 (<pKred) but absent at pH 9.0
(>pKred) or following deuterium exchange: the protonable
groups that produce these couplings must have pKa values
between 6 and 9. Previously, the pH dependence of the
reduction potential of cluster N2 in Y. lipolytica was found to be
ablated by the mutation of a nearby highly conserved histidine
residue (His226 in Y. lipolytica, corresponding to His190 in B.
taurus, see Figure 1). Thus, it is likely that either H1 or H2 arise
from His190. To assist with the assignment of H1 and H2, we
thus compared the proton environment of cluster N2 in the
wild-type and H226M variant of complex I from Y. lipolytica.
Assignment of Exchangeable Proton H1 Using Y.
lipolytica Complex I. When His226 in Y. lipolytica complex I
was mutated to methionine, a residue with no exchangeable
protons, the reduction potential of N2 decreased to a pH-
independent value of −216 mV.24 If His226 gives rise to either
H1 or H2, then one of the proton couplings described above
will be absent in the H226M variant. In H226M, selective
reduction of N2 is not possible as its reduction potential is
close to that of the other EPR-visible Fe−S clusters. We thus
took advantage of the diﬀerent relaxation times of N2, relative
to that of the [2Fe-2S] cluster N1b, which is also visible at the
maximum acceptable measurement temperature for HYSCORE
spectra with good signal-to-noise (14 K). We thus employed
relaxation ﬁlters (REFINE spectroscopy)30 to measure the
proton hyperﬁne couplings to N2 selectively (Supplementary
Figure 11). The resulting REFINE-HYSCORE diﬀerence
spectra are shown in Figure 5.
The [wild-type − H226M] diﬀerence spectrum (pH 6.5)
clearly reveals a single set of proton cross-peaks (Figure 5A)
with hyperﬁne coupling parameters that match H1 (Table 1).
In contrast, the [pH 6.5 − pD 6.5] diﬀerence spectrum of the
wild-type shows two sets of cross peaks (Figure 5B) that are
essentially identical to bovine H1 and H2 (Figure 3B).
Therefore, we conclude that H1 arises from the exchangeable
proton of His226 in Y. lipolytica complex I and His190 in
bovine complex I. As for bovine complex I, we could not detect
Table 1. 1H Hyperﬁne Coupling Parameters for H1 and H2 Compared to Selected Parameters Reported in the Literaturea
H-bond length (Å)
Aiso (MHz) T (MHz) structure (D····A) quadrupole (H····A)
H1 (complex I) 0.9 3.9 2.9−4.0b 1.77
H2 (complex I) 0 3.2
Leu−[2Fe-2S] (Rieske protein)36 −1.69 4.94 3.4c
His−semiquinone (nitrate reductase)39 −0.06 5.67 1.62
His/Asp−semiquinone (complex III)40 1.8 −4.2 2.5
1.2 −5.5 2.7
aSee Supplementary Table 3 for the complete set of simulation parameters for H1 and H2. Note that A = Aiso + (−T, −T, +2T). H-bond lengths
refer to the donor−acceptor (D···A) distances from structural data or to hydrogen−acceptor (H···A) distances (r) calculated from the quadrupole
coupling using the equation (developed for N−H···O bonds) = − ···a b r/( )
e qQ
h H A
3
2
[kHz], where a = 319 kHz and b = 607 kHz Å3.38 bThe D···A
distance range is based on currently available structural data (see Supplementary Table 4). cS2FeS···NLeu132 distance from structure (PDB ID: 2NUK).
Figure 4. SMART-HYSCORE spectra of N2 in bovine complex I at
pH 6.0 (A), pH 9.0 (B), and pD 6.0 (C). Spectra were recorded at 10
K at g⊥, time increment of 8 ns, τ = 96 ns. See Supplementary Figure 7
for full spectrum of (A) and Experimental Methods for sample
preparation and measurement conditions.
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signiﬁcant diﬀerences in the 14N couplings in Y. lipolytica
complex I diﬀerence spectra.
H1 is Hydrogen-Bonded to Cluster N2. The isotropic
hyperﬁne coupling (Aiso) of H1 shows that a substantial amount
of electron spin density is present on the exchangeable proton
of His190/226 (Table 1). It was not possible to ﬁt the data
satisfactorily with Aiso set to zero. His190/226 is present in the
second coordination sphere of N2, so there are no through-
bond interactions to explain the nonzero Aiso. However, the
anisotropic through-space interaction (T = 3.9 MHz) is also
relatively large, suggesting a close association between the
proton and the reduced cluster. We thus propose that His190/
226 forms a hydrogen bond to the reduced [4Fe-4S] N2
cluster. Hydrogen bonds have long been known to play an
important role in modulating the reduction potentials of Fe−S
clusters, and a recent ultrahigh resolution (0.48 Å) structure of
a high-potential iron−sulfur protein from Thermochromatium
tepidum has revealed the extensive hydrogen-bonding network
around the [4Fe-4S] cluster.42,43 However, to the best of our
knowledge, only one set of hyperﬁne parameters for a proton
hydrogen-bonded to a Fe−S cluster (the [2Fe-2S] cluster in a
Rieske protein, Table 1) has been reported.36 |Aiso| and |T| for
this leucine proton are comparable to the hyperﬁne coupling
parameters for H1. The anisotropy of H1 also compares
favorably with values reported for His residues hydrogen
bonded to semiquinones (Table 1). For cluster N2, hydrogen
bonding could involve either the bridging sulﬁdes of the Fe−S
cubane or the sulfurs of the ligating cysteines.43 Current
structural data on the Y. lipolytica or B. taurus enzymes cannot
conﬁrm or distinguish either possibility, but a hydrogen bond
between the histidine and one of the cysteine ligands was
modeled in the structure of (oxidized) T. thermophilus complex
I.4,44 The observed anisotropy can be satisfactorily reproduced
using a homology model for the bovine enzyme created from T.
thermophilus structural data together with the N2 spin
projection factors (describing the magnetic coupling of the
four Fe-subsite spins to form an S = 1/2 ground state) we
determined previously13 (see Supplementary Table 4).
The H1 hydrogen bond to N2 explains the large drop in
reduction potential (76 mV at pH 7)24 observed in the H226M
variant. Similarly, the reduction potential of the [3Fe-4S]
cluster in succinate:ubiquinone oxidoreductase dropped by 68
mV (pH 8) upon substitution of a second-coordination sphere
His thought to be hydrogen-bonded to the cluster with Thr.45
Birrell and co-workers46 systematically studied the eﬀects of
hydrogen bonding on the reduction potential of the all Cys-
ligated [2Fe-2S] cluster in HydC from Thermotoga maritima
and observed a diﬀerence of 58 mV in the reduction potentials
of the V131H and V131M variants (at pH 7). In all cases the
hydrogen bond withdraws electron density from the cluster,
increasing the stability of the reduced cluster and hence
increasing its reduction potential.
The Exchangeable Proton H2. Besides the conserved
histidine, there are no other amino acids in the vicinity of N2
with canonical pKa values between 6 and 9. Therefore, H2 may
originate from a bound water molecule located close to N2.
Recent molecular dynamics simulations have suggested that
many water molecules inﬁltrate the protein around the
quinone-binding channel and the Fe−S clusters,47 and indeed,
they are likely required for proton transfer to and from the
histidine. Identiﬁcation of candidate water molecules may be
possible using higher resolution structural data in the future.
The substantial anisotropy of H2 (Table 1) suggests that the
H2O molecule may be in a preferred orientation with respect to
the cluster (albeit free to rotate), but the lack of isotropic
interaction and lower magnitude of the anisotropic interaction
both imply that it interacts more weakly than H1. It is thus
likely that the pK of H2 responds only weakly to the cluster
oxidation state, such that its pKox and pKred are close together,
and H1 dominates the pH dependence of the N2 reduction
potential (Figure 2).
Eﬀects of His190/226 on Catalysis. To assess the
catalytic importance of protonating the conserved histidine,
we compared how the activities of wild-type and variant Y.
lipolytica complex I vary with pH. Using NADH and
decylubiquinone (a soluble analogue of the native ubiquinone),
the activity of H226M was ∼80% that of the wild-type enzyme,
and it displayed the same pH-dependent activity with a
maximum at pH ∼7.5 regardless of the presence of the histidine
(Supplementary Figure 12). Similarly, in activity assays
conducted using ubiquinone-10 in an artiﬁcial membrane
system comprising complex I and the alternative oxidase to
enable Q10 cycling,
48 the H226M variant displayed ∼65% of the
wild-type activity at pH 7.5. Previously, it was demonstrated
that the H226M variant is capable of proton pumping as well as
of redox catalysis.24 Therefore, neither the redox reaction or
proton translocation is severely impaired by the absence of
His190/226, and we conclude that proton-coupled electron
transfer at cluster N2 is not required for complex I catalysis.
■ CONCLUSIONS
The question whether the terminal Fe−S cluster N2 in complex
I is involved in proton pumping was ﬁrst raised in the 1970s
and has remained subject to debate ever since. Here, we have
shown that the characteristics of the PCET reaction at N2 are
not consistent with it being the coupling reaction that initiates
proton translocation. The following lines of evidence led to this
conclusion: (1) The limited pH dependence of the N2
reduction potential (less than −60 mV per pH unit) shows
that proton transfer is not strongly coupled to electron transfer.
At pH 7.4, the complete reduction of cluster N2 results in only
50% of the enzyme molecules taking up a coupled proton,
insuﬃcient to support the eﬃcient and stoichiometric proton
translocation mechanism that is exhibited by complex I.49 Data
on the pH dependence of the N2 reduction potential are now
consistent for complex I from both mammalian and yeast
species. (2) Consistent with (1), no strongly coupled
exchangeable protons (as would be required for eﬃcient
Figure 5. HYSCORE spectra showing the exchangeable protons in the
vicinity of N2 in wild-type and H226M Y. lipolytica complex I. (A)
[Wild-type − H226M] symmetrized diﬀerence spectrum (pH 6.5) and
(B) wild-type [pH 6.0 − pD 6.0] symmetrized diﬀerence spectrum.
Spectra were recorded at 14 K at g⊥, time increment 16 ns, τ = 116 ns,
and ﬁltering time Tf = 62 μs. See Experimental Methods for sample
preparation, further measurement conditions, and HYSCORE
subtraction and symmetrization procedures.
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energy conversion) could be detected in the vicinity of N2.
Instead, two weakly coupled exchangeable protons are present.
The more strongly coupled of these belongs to a conserved
histidine in the second coordination sphere of N2 that we
conclude is hydrogen-bonded to the reduced cluster. (3)
Despite the profound eﬀect of the conserved histidine residue
on the reduction potential and pH dependence of N2, enzyme
activity is not substantially compromised upon its substitution.
We cannot exclude that protonation at cluster N2 plays an
indirect role in complex I catalysis, perhaps by supporting
proton uptake for ubiquinone reduction. How protons are
supplied to the ubiquinone headgroup is unknown, and clues
may result from re-examining the proton environment of the
cluster in the presence of a bound substrate analogue or under a
membrane potential. The mechanisms of the binding,
reduction, and dissociation of ubiquinone/ubiquinol, possibly
involving semiquinone3 or doubly anionic intermediates,50,51
must now be investigated as candidates for the catalytic step
that couples proton transfer to electron transfer in this
reversible energy-transducing enzyme.
Many essential enzymes such as hydrogenases, nitrogenases,
fumarate reductase, carbon-monoxide dehydrogenase, and
nitrate reductase contain a multitude of buried iron−sulfur
clusters. In this paper, we have pinpointed the properties of a
single proton in a giant 1 MDa enzyme that contains a
multitude of Fe−S clusters, demonstrating how pulse EPR
methods can be used to isolate and examine the behavior of
single redox-active centers in highly complicated systems.
■ EXPERIMENTAL SECTION
Protein Preparations. Bovine complex I was prepared using the
protocol of Sharpley et al.52 implemented as described previously,32
except that the buﬀer for the Superose 6 Increase column contained 20
mM Tris, 150 mM NaCl, 10% (v/v) glycerol, and 0.05% (w/v) n-
dodecyl β-D-maltoside (DDM, Glycon). Complex I from Y. lipolytica
was prepared as described previously53 except that cells were grown at
30 °C.
Complex I catalytic activities were measured using 200 μM NADH
and 200 μM decylubiquinone in 20 mM Tris-HCl, 0.15% asolectin
(Avanti Polar Lipids) , 0 .15% 3-[(3-cholamidopropyl)-
dimethylammonio]-1-propanesulfonate (CHAPS, CalBioChem), pH
7.5 at 32 °C. Activities for the bovine enzyme were between 10 and 20
μmol NADH min−1 mg−1, and the midpoint potential of N2 was
independent of the activity. The buﬀer for pH-dependent activity
measurements contained 100 mM of each of MES, MOPS, and Tris
pH corrected with KOH or H2SO4.
All complex I EPR samples were supplemented with glycerol to a
ﬁnal concentration of 30% (v/v).
EPR Sample Buﬀers. Temperature-independent pH buﬀers were
used to set pH values between 6.0 and 9.0 (see Supporting
Information text and Supplementary Table 1 for details). The buﬀer
used to obtain the pH 5.0 data point in Figure 1 (see also
Supplementary Figure 1) contained 100 mM citric acid, 150 mM
NaCl, and 30% (v/v) glycerol and was adjusted to pH 6.0 at room
temperature. Using pH indicators (see Supporting Information), we
established that its pH drops by 1.0 ± 0.2 units from 298 to 77 K. The
pH 7.4 data point in Figure 2 was prepared in 100 mM MES, 150 mM
NaCl, and 30% (v/v) glycerol and adjusted to pH 6.0 at room
temperature to give a ﬁnal pH of 7.4 ± 0.2 at 77 K.
Preparation of EPR Samples. Prior to all titrations, bovine
complex I was exchanged into the desired buﬀer and pH using an
Amicon Ultra 0.5 centrifugal ﬁlter with an Ultracel-100 membrane
(Vivaspin). The protein concentration was typically 10 μM except for
two titrations at pH 6.0 and 9.0 at 30 μM. Reduction potential
titrations were carried out as described previously.32 Brieﬂy, 140 μL of
sample was stirred in an electrochemical cell inside an anaerobic
glovebox (Braun UniLab-plus, O2 < 0.5 ppm) for 10 min at 6 °C to
remove O2. Redox mediators (anthraquinone-2-sulfonate, benzyl
viologen, indigodisulfonate, indigotrisulfonate, and methylene blue)
were each added to the same ﬁnal molar concentration as the protein.
Then, the reduction potential of the solution (at 6 °C) was set by
successive substoichiometric submicroliter additions of sodium
dithionite (in 10 mM Tris buﬀer, pH 8) and monitored by open-
circuit potentiometry using an EmStat3+ (PalmSens). Once the
desired potential was attained, 9 μL of solution was transferred to an
EPR tube, ﬂash-frozen inside the glovebox, and stored in liquid
nitrogen. Pulse EPR measurements (Figures 3 and 4) were conducted
on samples selected from those described above on the basis of the
maximum reduction of N2 with all other EPR-visible clusters fully
oxidized (−167 mV at pH 6.0, see Supplementary Figure 1A, and
−145 mV at pH 9.0). The bovine pD 6.0 sample (protein
concentration 30 μM, −160 mV) was made using the same procedure
as for a full titration except that D2O and deuterated glycerol-d3
(Sigma-Aldrich) were used. The pD was adjusted using pD = pH
meter reading +0.41.
NADH-reduced samples of native and H226M Y. lipolytica complex
I (ﬁnal concentration 30 μM) were prepared in the glovebox by the
addition of 1 μL of 40−50 mM NADH to 15 μL of complex I solution
at pH 6.5 or pD 6.5 (see Supplementary Table 1 for buﬀer
composition). The pH of 6.5 is slightly higher than for the equivalent
bovine complex I samples due to the instability of concentrated Y.
lipolytica complex I at pH 6.0, but His226 is still 92% protonated.
Solutions were transferred to EPR tubes and ﬂash-frozen inside the
glovebox.
All reduction potentials are reported relative to the potential of the
standard hydrogen electrode (SHE). The oﬀset of the reference
electrode (DRI-REF-2, World Precision Instruments), +200 mV, was
determined using quinhydrone as a standard.
EPR Spectroscopy. EPR measurements were performed using an
X/Q-band Bruker Elexsys E500 spectrometer equipped with a closed-
cycle cryostat (Cryogenic Ltd., UK). All X-band measurements were
carried out in an ER 4118X-MS2 resonator (Bruker), operated in
either continuous wave (CW) or pulse mode. CW spectra were
baseline subtracted using a buﬀer-only sample measured under the
same conditions. CW measurements of titration samples were carried
out at 25 K, 2 mW microwave power, modulation amplitude 0.7 mT at
100 kHz modulation frequency.
Two-pulse echo-detected ﬁeld sweeps (EDFS) were acquired with
the pulse sequence π/2−τ−π−τ−echo (π/2 = 16 ns, π = 32, and τ =
200 ns). HYSCORE spectra were recorded with the 4-pulse sequence
π/2−τ−π/2−t1−π−t2−π/2−τ−echo; π/2 = 16 ns, π = 16 ns at twice
the power of the π/2 pulses (i.e., in a second channel), t1 = t2 = 80 ns,
τ given in ﬁgure legends, 4-step phase cycle [0,0,0,0] − [0,0,0,180°] +
[0,0,180°,0] − [0,0,180°,180°]. SMART HYSCORE spectra were
recorded with the 4-pulse sequence HTA−t1−π−t2−HTA−τ−π−τ−
echo (4-step phase cycle [0,0,0,0] − [0,0,180°,0] + [0,0,0,180°] −
[0,0,180°,180°]) with π = 32 ns, high turning angle (HTA) pulse = 40
ns, and t1 = t2 = 96 ns. Because of the spectral asymmetry about the
diagonal (typical for SMART-HYSCORE spectra), the SMART
HSYCORE spectra were symmetrized.54
REFINE experiments were carried out with a T1 ﬁlter (Tf) of 62 μs
and π = 32 ns initial inversion pulse prior to the EDFS pulse sequence
(π−Tf−π/2−τ−π−τ−echo, single channel) or HYSCORE pulse
sequence (π−Tf−π/2−τ−π/2−t1−π−t2−π/2−τ−echo), where t1 =
t2 = 80 ns and τ is speciﬁed in the ﬁgure legends. As for standard
HYSCORE experiments, the fourth pulse in REFINE HYSCORE
experiments (π = 16 ns) was placed in a diﬀerent channel to all other
pulses. Pulse EPR measurements of bovine complex I samples (with
N2 as the sole paramagnetic species) were carried out at 10 K to
maximize the signal-to-noise ratio. Pulse EPR experiments of NADH-
reduced Y. lipolytica complex I were carried out at 14 K to eliminate
contributions from N3 and N4 (N1b could be ﬁltered out using the
relaxation ﬁlter). The HYSCORE spectra obtained from Y. lipolytica
were symmetrized55,56 (Figure 5) due to their lower signal-to-noise
compared to their bovine counterparts measured at 10 K. Additional
(variable) experimental parameters are provided in the ﬁgure legends.
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Typical acquisition times were 14 h for HYSCORE, 24 h for REFINE
HYSCORE, and 60 h for SMART HYSCORE experiments.
Analyses of EPR Data. The reduction potentials of N2 at each pH
were determined by plotting the integrals of the simulated N2 spectra
as a function of potential and by ﬁtting the resulting data to the one-
electron Nernst equation (see Supplementary Figure 1 and ref 32).
The data points shown in Figure 2 were ﬁtted with the equation
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where T = 282 K (temperature at which the titrations were carried
out), n = 1, Ealk = −175 mV, Kox = 10−5.6, and Kred = 10−7.4. Errors in
the values were estimated from the error in the pH value of the buﬀer
at cryogenic temperatures (±0.2 pH units) and the error in the ﬁt of
the experimental data to the Nernst equation (±10 mV).
HYSCORE diﬀerence spectra (Figures 3A and B and 5) were
obtained by normalizing the nitrogen cross peaks in the (−,+)
quadrant (Supplementary Figure 4) to the same intensity using spectra
recorded under the same experimental conditions (microwave
frequency, magnetic ﬁeld position, and τ). To obtain the hyperﬁne
coupling parameters of the exchangeable proton couplings revealed by
the subtractions, we performed contour line shape analysis (a plot of
να
2 versus νβ
2, Supplementary Figure 8) of the cross peaks as a ﬁrst
approximation and as previously described.36 The hyperﬁne coupling
parameters of H1 and H2 (Supplementary Table 2) were then further
reﬁned through simulations of all pulse EPR data as described in the
Supporting Information.
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